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ABSTRACT
By combining the photoswitching and localization of individual fluorophores with spectroscopy on the single molecule level, we demonstrate
simultaneous multicolor imaging with low crosstalk and down to 15 nm spatial resolution using only two detection color channels. The
applicability of the method to biological specimens is demonstrated on mammalian cells. The combination of far-field fluorescence nanoscopy
with the recording of a single switchable molecular species at a time opens up a new class of functional imaging techniques.
Due to its versatility and ease of use, fluorescence far-field
microscopy is one of the most widely used imaging tools in
the life sciences. Not only does tagging with fluorescent
markers yield excellent molecular specificity and single-
molecule sensitivity but the markers themselves can also
report on their chemical or physical microenvironment
through their spectroscopic characteristics. Thus, by tagging
different molecular species with different types of markers,
the spatial and temporal correlation of these species can be
elucidated. However, in standard far-field microscopy,
features of similar spectroscopic properties cannot be sepa-
rated at distances smaller than ∼200 nm, due to diffraction.1
This fundamental barrier, common to all standard methods
based on the focusing of light, persisted for over a century.
Meanwhile, the diffraction barrier has been overcome
fundamentally by various approaches.2 A common element
in all of them is to select molecular transitions of the marker
between a fluorescent and a nonfluorescent state just for the
purpose of confining the origin of fluorescence emission in
space.2,3 At first exploited in stimulated emission depletion
(STED) microscopy,4,5 this strategy has matured; meanwhile
it allows routine subdiffraction imaging of (living) biological
specimens6,7 with a resolution down to the macromolecular
scale.8
The insight that the transitions in the marker are the key
to diffraction-unlimited resolution has also led to several
other far-field “nanoscopy” methods. In all cases, the
switching of the marker between a detectable (fluorescent)
and a nondetectable (dark) state is used to sequentially gather
local information that would otherwise be blurred by
diffraction. STED and a number of related concepts that are
all based on reversible saturable/switchable optically linear
fluorescent transitions (RESOLFT)9,10 are commonly applied
by switching molecules in ensembles, specifically by turning
on and off the bright ‘fluorescent’ state in narrow spots in
the sample using a light intensity distribution featuring local
zeros (e.g., a doughnut or lines). The subdiffraction image
is obtained by scanning the zeros across the sample.
Fluorescent proteins and organic dyes that can be switched
to a bright fluorescent state and back to a dark state have
led to an alternative approach to image labeled objects with
nanometer scale resolution. This approach is based on
switching the molecules individually. Single markers that
are initially in the dark state are switched to the bright state
so sparsely that they are further apart than the diffraction
limit. Hence their signals of fluorescence emission are well
separated on a camera. Their position can be determined with
subdiffraction precision if enough photons are collected from
the marker in a burst.11–16 When this process is repeated
multiple times, the sample is stochastically scanned and,
consequently, an image can be reconstructed mathematically
as a “position histogram” assigning the positions of single
emitters to nanosized image regions. Implementations of this
stochastic concept have been termed photoactivated localiza-
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tion microscopy (PALM),17 stochastic optical reconstruction
microscopy (STORM),18 fluorescence PALM (fPALM),19
and PALM with independently running acquisition (PALM-
IRA).20,21
We have recently reported a new family of switchable
rhodamine dyes whose fluorescence ability can be selectively
switched on in a single layer of the sample by two-photon
absorption, thus conferring noninvasive optical sectioning
to single-molecule-switching-based nanoscopy.22 In combi-
nation with localization along the third dimension, 3D
nanoscopy of extended sample regions is feasible,23,24 thus
complementing 3D-approaches based on STED.25–28
Fortunately, switching emitters to reach nanoscopical
resolution largely maintains the versatility of the fluorescence
readout. Consequentially, multicolor STED,29 PALMIRA,30
STORM,31 and PALM32 have recently been demonstrated.
However, in all these cases, the separation of the signal was
achieved by using a strategy known from conventional
fluorescence microscopy: Markers with distinct activation
or excitation spectra were imaged sequentially by choosing
the appropriate illumination wavelengths, and the crosstalk
between the different color channels was minimized by a
careful selection of emission filters. Such a strategy increases
the requirements on the spectroscopic properties of the dyes
and on the light sources used for excitation and switching
and thus increases the complexity of the experiment. Further,
sequential imaging compromises the registration accuracy
between channels due to sample movement or drifts and
results in slower image acquisition.
Importantly, the separate detection of individual molecules
offers the possibility to assign every single molecule event
to the corresponding dye class, based on a dye-specific
property such as the emission spectrum, brightness, lifetime,
or anisotropy.33–37 The key here is to avoid ensemble
averaging by ensuring that molecules of different species
are never detected simultaneously, which is usually ac-
complished by using very low concentrations or by mechan-
ical confinement. Likewise, in ensemble-based far-field
fluorescence nanoscopy schemes like STED microscopy, the
creation of ever smaller focal spots automatically leads to
fewer molecules in the focus and thus to the detection of
single molecules or individual agglomerates of identical
molecules, even if they are densely packed in space. Still,
the stochastic imaging methods outlined above are inherently
based on the detection of single well separated molecules
and therefore directly lend themselves to exploiting the
spectroscopic opportunities brought about by detection of a
single molecular species at a time. Fluorescence nanoscopy
based on switching and computational localization of indi-
vidual emitters naturally offers the distinction of multiple
labels based on their spectroscopic information, even without
the need for very distinct spectral properties.38
Therefore, in this paper, we depart from the sequential
multicolor separation approach and present simultaneous
single-molecule-switching-based nanoscale imaging of struc-
tures labeled with up to three different switchable rhodamine
amides that allow signal separation based on their individual
and characteristic emission spectra. Importantly, because we
combine spectrally sensitive fluorescence detection with the
registration of single switching events, we are able to
distinguish i ) 3 marker types with minimal crosstalk by
using just j ) 2 detection channels. Since it is only limited
by the spectral diffusion of single molecules, our approach
can be generalized to a constellation in which the number
of fluorophore species i exceeds the number of characterizing
detection channels j much more significantly.
For each of the experiments reported herein, we have
selected up to three of four novel switchable rhodamine
amides, denoted SRA545, SRA552, SRA577, and SRA617
according to their emission maximum in poly(vinyl alcohol)
(PVA) (Figure 1). Each one is derived from a different stable
rhodamine dye (Supplementary Scheme S1). All four com-
pounds can be switched from a dark isomer to a fluorescent
one by irradiating them with UV light, which induces a ring-
opening reaction of the five-member cycle containing the
amide functional group and the spirocarbon atom.22,39,40
Importantly, these novel markers have the spectroscopic
properties required for effective single-molecule-switching-
based nanoscopy:22 (i) The fluorescent isomer is bright and
highly stable; thus a large number of photons per event can
be detected. This results in high localization accuracy and
little crosstalk in multicolor imaging. (ii) Virtually infinite
signal contrast between the two states: the dark isomers emit
no detectable signal when illuminated at the excitation
wavelengths. This eliminates background from the switched-
off marker molecules. (iii) The fraction of molecules present
in the emitting isomer in a thermally equilibrated sample is
very low (e1:104 in all four cases) allowing us to accurately
image even densely stained samples. Even there, the activa-
Figure 1. (A) The photochromic switching between bright and dark
states of the rhodamine amides used in our experiments. In thermal
equilibrium most molecules are in their dark isomeric state.
Transition to the fluorescent isomer can be effected by irradiation
with UV light. (B) Emission spectra of the fluorescent isomers of
SRA545, SRA552, SRA577, and SRA617 in PVA (see Supporting
Information). The black line depicts the transmission properties of
the dichroic mirror DM1 which we used to split the signal into the
two detection channels.
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tion can be tuned such that switching events that are too
close to be separated are rare.
The imaging was performed with a simple optical setup
resembling a two-color video microscope (Figure 2A).
Because no sequential illumination or photoswitching was
necessary, the use of two laser wavelengths was sufficient.
All markers were switched on with UV light at 375 nm and
excited at 532 nm. The signal emitted by the markers was
split into two beam paths by a dichroic mirror (DM1, Figure
2A) and each of the channels formed an image on an EM-
CCD detector (IXON-Plus DU-860, Andor Technology,
Belfast, Northern Ireland): channel 1 containing the light with
longer wavelengths and channel 2 containing the light with
shorter wavelengths. Additional bandpass filters were used
to minimize out-of-band background. The use of an EM-
CCD camera at high gain ensured that read-out noise was
negligible and that the frame rate of the camera could be
optimized to minimize the background.20,21
A switching event, i.e., a marker temporarily transferred
to its on-state, results in a bright isolated spot in one or
several images taken by the CCD camera. In an initial step,
such individual events were detected separately in each of
the two detection channels, but in the final image reconstruc-
tion, it was ensured that events registered in both channels
were counted only once. Consequently, for each actual event,
we recorded its center of mass and the number of effective
photons detected in channel 1, n1 and in channel 2, n2 (for
the exact definition of ni see Supporting Information). A
marker type can be assigned to each event based on the
characteristic ratio n1/n2 between the two detection channels.
This is detailed in Figure 2B which shows two-dimensional
frequency histograms of photon pairs (n1, n2) detected for a
multitude of single-molecule events of the markers SRA545,
SRA577, and SRA617.
Each histogram was obtained by recording subsequent
CCD images at sparse activation of a thin Mowiol film with
just one of the compounds embedded. Clearly the events
from each marker species form a cloud along the line defined
by its characteristic ratio. While the length of these clouds
is determined by the dye’s brightness, their width is dictated
by shot and excess noise and the degree of inhomogeneous
broadening of the fluorophore’s emission spectrum. The
dichroic mirror was chosen such as to minimize the overlap
of these clouds and thus to split the spectrum of SRA577
approximately in half. Because the type of dye is already
known in these experiments, Figure 2B can be seen as a
calibration measurement. Properly normalized, it reflects the
probability of a dye of a given type to produce a switching
event with given intensities n1 and n2.
Conversely, when imaging a sample containing all SRA545,
SRA577, and SRA617, a detected event (n1, n2) can be
assigned to the dye which has the highest probability to
produce this intensity combination. For this maximum-
likelihood estimator, which we used for all our assignments,
the probability of erroneously assigning events from one dye
type to another one, the crosstalk, is readily estimated from
the same calibration measurement as detailed in the Sup-
porting Information. Interestingly, by rejecting events with
intensity combinations common for two of the dye types,
crosstalk can be minimized at the expense of dynamic range
in the image (Supplementary Figure S1).
The probability distribution for each dye may vary with
its environment due to variations in the spectrum or quantum
yield and thus fluorescence brightness. As an example, one
may compare the measurement in Mowiol from Figure 2B
with the one in silica beads (Supplementary Figure S1). Most
prominently, SRA577 is quenched and its spectrum is shifted
to longer wavelengths resulting in a much broader and shorter
two-dimensional photon pair frequency histogram. This
underscores the importance of a proper calibration measure-
ment for each sample. It should be noted, however, that
ensemble multicolor measurements are also affected by
spectral shifts and require proper calibration. Even worse,
Figure 2. (A) Schematic representation of the two-channel micro-
scope for single-molecule-switching-based multicolor nanoscopy.
The sample is illuminated with two lasers at 375 and 532 nm,
respectively, combined into one beam by dichroic mirror DM3 and
focused by lens L5 into the back-aperture of the objective lens thus
providing wide-field illumination (∼12 µm in diameter). The
fluorescence emitted from isolated switched-on markers is separated
from excitation and activation light by dichroic mirror DM2 and
then passes the tube lens L4 and a rectangular aperture in the back-
focal plane. Using the dichroic mirror DM1, fluorescence is split
according to wavelength and directed into two beam paths which
image the rectangular aperture onto two adjacent areas on the EM-
CCD detector using lenses L3 and L1 or L2. Band-pass filters F1
and F2 were used to minimize out-of-band background. (B) Two-
dimensional frequency histogram of the number of detected
fluorescence photons n1 and n2 from switching events of compounds
SRA545 (blue), SRA577 (green), and SRA617 (red) in channels 1
and 2, respectively (number of switching events 32000 (SRA545),
200000 (SRA577), and 14000 (SRA617) extracted from 10240
CCD frames at an excitation intensity of 32 kW/cm2; events with
less than 600 detected photons were rejected).
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when averaging over many emitters, a change in individual
brightness or broadening of the spectrum may be hidden in
the ensemble. Using the information on the single-molecule
level, we can not only eliminate such bias but also simplify
multicolor imaging significantly, since two detection channels
proved sufficient for three types of markers. Under favorable
conditions the number of marker types can exceed the
number of channels even further; separating four or even
five markers may be feasible with just two detection channels
(Supporting Information).
In order to demonstrate jointly improved resolution and
multicolor separation, we imaged samples of multicolored
silica nanobeads. To this end, the markers were incorporated
in a silica core ∼70-90 nm in diameter with a ∼15-20 nm
wide unlabeled shell grown on top.41 This preparation
ensured a separation of 30-40 nm between the fluorescent
cores. The actual sample was prepared by spreading the beads
in solution onto a cover glass and letting the ethanol solvent
evaporate. Figure 3 shows the image of a mixture of three
kinds of beads, each containing one marker type SRA545,
SRA577, or SRA617, obtained using our single-molecule-
switching-based multicolor nanoscopy approach. Besides the
expected nanoscale resolution, our results illustrate the
excellent color separation achieved by the method. In contrast
to the conventional diffraction-limited wide-field image, our
image approach is able to clearly resolve each individual
bead and to allocate it to one of the three markers. The image
shown was recorded by localizing the switching events in
∼75000 EM-CCD frames at a frame acquisition rate of 100
Hz, i.e., a total acquisition time of <13 min. No drift
compensation was needed. At an illumination intensity of
32 kW/cm2, the average number of photons per single
molecule burst in a frame (nPh ) n1 + n2) was 1400 for
SRA617, 2100 for SRA577, and 2900 for SRA545, resulting
in average localization accuracies (∆x) of 11, 9, and 8 nm,
respectively. All events with nPh < 600 were rejected. The
localization accuracies were calculated according to ∆x )
fwhm/(nPh/2)1/2 where fwhm is the classical wide field
resolution (∼270 nm for our microscope). This estimation
for ∆x neglects noise arising from background light and
camera readout. Note that the division by 2 in the denomina-
tor is due to the excess noise of the EM-CCD camera (see
Supporting Information for details).14
In the first ∼30000 frames, the spontaneous switching of
the markers was sufficient to ensure a reasonable number of
well enough isolated single spots per image frame. Later on,
switching-on (activation) light of 440 W/cm2 was applied
in pulses between frames, gradually increasing from 0.1 to
50 µs during the course of the measurement. Figure 3B shows
a zoomed area of the nanoscale image, which depicts a few
of the differently colored and well-separated beads. Each
color component is shown in panels C-E of Figure 3,
respectively, along with the marked positions of the other,
differently colored beads. The beads labeled with SRA617
have a more spotty appearance because they were loaded
with a lower number of markers than those labeled with
SRA577 and SRA545. We performed the color allocation
according to the outlined procedure, using the appropriate
color calibration (Supplementary Figure S1B). As mentioned
above, the probability of false color assignation of a marker,
that is, the crosstalk, can be tuned in our multicolor
nanoscopic imaging approach by rejecting certain events. At
the parameters chosen here, the expected values from our
calibration measurement are ∼6% SRA545 f SRA577
(SRA577 markers falsely recognized as SRA545 ones),∼7%
SRA617f SRA577, ∼4% SRA577f SRA545, ∼11% for
SRA577f SRA617 and it was negligible between SRA545
and SRA617. Because beads could be assigned to one of
the markers with almost total certainty, we were also able
to calculate the actual crosstalk in the image which amounted
to 8% SRA545 f SRA577, 5% SRA617 f SRA577, 8%
SRA577 f SRA545, and 23% for SRA577 f SRA617.
Besides the sensitivity on the applied environment, one
has to observe potential light-induced spectral drifts and
inhomogeneous broadening. For example, the emission
spectrum of SRA617 slightly shifts to the blue with
prolonged irradiation (especially by the UV laser) causing
its distribution to increasingly overlap with that of SRA577.
The same effect was observed for SRA577, but to a lesser
extent. Thus the ideal calibration would have to change
during the course of a measurement; its omission results in
additional crosstalk. Here, we have simply elected to measure
for only 75000 frames. As expected, the SRA577f SRA617
crosstalk was elevated due to the shift; however, the light
dose was low enough for the time-independent calibration
to be still acceptable. For longer measurement times more
sophisticated calibration methods must be employed.
We also recorded nanoscopic images of two-color labeled
cellular samples. To this end, the microtubule and keratin
network of mammalian cells were immunostained following
a previously described protocol,22 with secondary antibodies
labeled with SRA577-NHSS and SRA552-maleimide, re-
Figure 3. Multicolor single-molecule-switching-based nanoscopy
image of mixtures of silica beads each stained with one of three
different photoswitchable markers, SRA545 (blue), SRA577 (green),
and SRA617 (red). (A) Overview. The upper left triangle shows
the image obtained from classical diffraction-limited two-color
imaging. No details can be discerned. (B) Enlarged section marked
by the white rectangle in the overview and (C-E) blue, red, and
green components thereof. Beads identified as green and red are
marked, to indicate where crosstalk occurs.
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spectively. SRA552 replaced SRA545 due to the much better
solubility in water (facilitating immunolabeling). Images of
this doubly labeled cellular sample are shown in Figure 4.
The frame rate for image acquisition was 200 Hz at a total
number of 90000 frames, resulting in a total acquisition time
of 7.5 min (due to the increase in brightness compared to
the bead measurement, the integration time was lowereds
compare Supplementary Figures S1 and S2). All events with
less than 400 photons in total were rejected. At an excitation
intensity of 19 kW/cm2 and frame integration time of 5 ms,
the mean number of effective photons is 2600 for SRA552
and 1200 for SRA577. The first 10000 frames were recorded
with no activation light, and then pulses of 440 W/cm2 were
applied with exposure lengths increasing from 1 µs to 1 ms
(pulses longer than 50 µs, the camera dark-time between
frames, span into the recording of a frame). The crosstalk
between the two markers expected from calibration measure-
ments (Supplementary Figure S2) is ∼5%. Therefore, both
microtubule and keratin filaments are clearly resolved and
separated.
Two-color separation is also possible in the counterpart
wide-field images (Figure 4A) because the number of
channels is equal to the number of marker types, making
linear unmixing processes applicable. In fact, linear unmixing
was mandatory due to the crosstalk of ∼30% resulting from
the emission spectra of the dyes (see Figure 1B). While this
process improves the color separation, it inevitably also
elevates the noise of the image. We did not use linear
unmixing in any of the nanoscopy recordings obtained with
the single molecule spectroscopy approach. However, unlike
in conventional wide-field microscopy, linear unmixing is
possible even when the number of marker types i exceeds
the number of detection channels j.
Besides the filament structures, we also observed single
isolated spots (predominantly in the SRA577 channel of the
super-resolved image). These additional grainy features seem
to be common in single-molecule-switching-based nanoscopy
(see for example refs 22, 23, and 30-32). Here, we attribute
these spots to unspecific binding of the primary antibodies.
We have thus presented nanoscale colocalization of
multiply labeled molecules or cellular structures by using
slight spectral differences in the emission characteristics of
the different fluorescent markers. At spatial resolutions of
∼10-15 nm, this technique, along with multicolor STED,
will close the gap between Fo¨rster resonance energy transfer
(FRET) and classical microscopy in colocalization experi-
ments. While FRET imaging probes the efficiency of energy
transfer between two dyes at a distance of 1-10 nm,42
classical colocalization is limited to distances >200 nm given
by diffraction. Our photoswitchable rhodamine amides
provide a large number of photons per detected molecule,
and thus high localization accuracy (up to 8 nm) in the
imaging plane. They are based on chemical modifications
of the base rhodamine chromophore43 which can be applied
to other rhodamines to create additional markers in the future.
Combined with the ability to photoswitch their fluorescence
by two-photon absorption for optical sectioning, these dyes
are thus a simple alternative to cyanine dye pairs31 and might
be a key ingredient in extending it to the third dimension.
Using the emission spectrum to discern the labels consti-
tutes a methodical advancement over the sequential recording
used in earlier multicolor experiments. It brings about the
important advantage that only one laser source is used for
either switching the markers on or exciting their fluorescence
as compared to previous multicolor experiments. On the
detection and analysis side, all data are recorded simulta-
neously, which accelerates the image recording, thereby
minimizing sample drifts during acquisition. It also simplifies
the alignment of the differently hued images. Likewise,
crosstalk was much lower than that in the ensemble
measurements, completely eliminating the need for linear
unmixing. With the right choice of dyes and dichroic mirror,
the number of markers i discernible by two detection
channels should be extendable.
The underlying reason for this fact is that by measuring
single molecules at a time, we inherently measure only a
single molecular species. It is important to note that the
strategy described herein is not strictly limited to single
molecule detection. The requirement ultimately is that only
a single molecular species is recorded at a time. Imagine,
for example, an ensemble-based fluorescence nanoscopy
approach such as STED microscopy featuring a nanosized
focal spot, for example, of the size of an antibody. Assume
that the object is labeled with antibodies of different colors,
whereby each antibody is conjugated to several molecules.
If only one type of colored antibody is in the focal spot at a
Figure 4. Multicolor single-molecule-switching-based nanoscopy
image of an intact mammalian PtK2 cell, the microtubule and
keratin network immunostained with the two rhodamine amides
SRA552-maleimide (blue) and SRA577-NHSS (green), respec-
tively. (A) Classical wide-field image, linearly unmixed. (B)
Nanoscopy image. (C) Microtubule network (blue component in
B). (D) Keratin network (green component in B).
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given point in time (which becomes increasingly more likely
with smaller focal spots), our procedure can be applied just
as effectively. Hence, although it is most naturally imple-
mented with single-molecule-based approaches, our method
is not restricted to single molecule nanoscopy schemes. This
insight is important, because the probability of identifying
only a single species or a spectrally homogeneous feature at
a time naturally increases with increasing spatial resolution.
We also note that besides the emission wavelength, other
parameters such as fluorescence lifetime, anisotropy, or
FRET efficiency could similarly be exploited. On one hand,
they can be used to distinguish even more reliably between
different markers. On the other hand, markers that are
sensitive to their environment may be used to probe, for
example, local pH, temperature, rotational mobility, proxim-
ity to other markers, and other physical or chemical
parameters. Thus, combining spectroscopy and nanoscopy
as outlined above should open a whole new field of
applications in life science and beyond.
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